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Understanding in vivo regulation of photoautotrophic metabolism is important for identifying

strategies to improve photosynthetic efficiency or re-route carbon fluxes to desirable end products.

We have developed an approach to reconstruct comprehensive flux maps of photoautotrophic

metabolism by computational analysis of dynamic isotope labeling measurements and have applied

it to determine metabolic pathway fluxes in the cyanobacterium Synechocystis sp. PCC6803. Compar-

ison to a theoretically predicted flux map revealed inefficiencies in photosynthesis due to oxidative

pentose phosphate pathway and malic enzyme activity, despite negligible photorespiration. This

approach has potential to fill important gaps in our understanding of how carbon and energy flows

are systemically regulated in cyanobacteria, plants, and algae.

& 2011 Elsevier Inc. All rights reserved.
1. Introduction

Photoautotrophic metabolism is the process by which plants,
algae, and other photosynthetic organisms use light energy to fix
carbon dioxide into complex organic molecules. This represents
the primary source of all food on earth as well as raw materials
for bio-based production of fuels and chemicals. To date, six
different pathways of carbon fixation have been identified in
nature (Berg et al., 2010), of which the Calvin–Benson–Bassham
ll rights reserved.
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(CBB) cycle accounts for more than 99% of global primary biomass
production (Overmann and Garcia-Pichel, 2006). Over one-third
of this production is attributable to prokaryotic carbon fixation,
mainly by marine cyanobacteria. Several groups have recently
demonstrated the feasibility of engineering cyanobacteria to
convert solar energy and atmospheric CO2 directly into biofuels
(Atsumi et al., 2009; Dutta et al., 2005; Lindberg et al., 2010;
Liu et al., 2011), thus providing a potential strategy to harness
their vast photosynthetic capacity toward meeting global energy
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demands while transitioning to a carbon-neutral society. Despite
these advances, the productivities achieved by cyanobacterial
fermentations are currently too low for industrial feasibility
(Sheehan, 2009), and few tools have been developed that to
specifically address the challenges of redirecting or enhancing
metabolic flux in photosynthetic organisms. Furthermore, it has
been estimated that less than 1% of the available solar energy flux
is converted into chemical energy by photosynthetic processes
(Overmann and Garcia-Pichel, 2006), and developing strategies to
enhance the efficiency of photosynthetic carbon fixation is a key
step toward solving food, energy, and environmental challenges
of the future.

The ability to quantitatively map intracellular carbon fluxes
using isotope tracers and metabolic flux analysis (MFA) is critical
for identifying pathway bottlenecks and elucidating network
regulation in biological systems, especially those that have been
engineered to alter their native metabolic capacities (Sauer,
2006). Although 13C is the preferred isotope tracer for mapping
central carbon metabolism in heterotrophic organisms, photoau-
totrophs assimilate carbon solely from CO2 and therefore produce
a uniform steady-state 13C-labeling pattern that is insensitive
to fluxes (Fig. 1). Thus, conventional steady-state 13C MFA is
incapable of quantifying autotrophic metabolic fluxes (Shastri and
Morgan, 2007). As a result, prior 13C MFA studies of plants
(Schwender, 2008) and cyanobacteria (Yang et al., 2002) have
been limited to heterotrophic (HT) or mixotrophic (MT) growth
conditions, typically with sugar as the major carbon source. To
overcome this limitation, we hypothesized that transient mea-
surements of isotope incorporation following a step change from
unlabeled to labeled CO2 could be used to map carbon fluxes
under photoautotrophic (PA) growth conditions. This involves
Fig. 1. Simplified example of carbon labeling in a photoautotrophic system.
Following a switch from natural CO2 to 13CO2, intracellular metabolites become

gradually labeled over time. 3-phosphoglycerate (3PGA) becomes 13C-labeled due

to carbon fixation by RuBisCO (RBC), resulting in labeling of pentose-5-phosphate

(P5P) intermediates of the Calvin–Benson–Bassham (CBB) cycle. Once steady-state

labeling is achieved, all metabolites are uniformly 13C-labeled irrespective of

fluxes and intracellular pool sizes. Labeling patterns observed during the iso-

topically transient period, however, can be computationally analyzed to determine

fluxes.
quantification of intracellular metabolic fluxes based upon com-
putational analysis of dynamic isotope labeling trajectories, an
approach that has been called isotopically nonstationary MFA
(INST-MFA) (Wiechert and Noh, 2005). An underlying assumption
of this approach is that metabolic fluxes and pool sizes remain
constant throughout the labeling experiment and are not per-
turbed by the introduction of 13C tracer. If this assumption is
valid, a single set of flux and pool size parameters (along with
their associated uncertainties) can be estimated that is consistent
with all transient isotopomer measurements obtained during the
experiment. We have recently introduced computational routines
that achieve more than 5000-fold speedup relative to previous
INST-MFA algorithms (Young et al., 2008), which now makes this
approach computationally feasible for autotrophic networks of
realistic size. The aim of this contribution, therefore, was to apply
these computational tools along with state-of-the-art mass spec-
trometry approaches to produce a comprehensive photoauto-
trophic flux map of a model photosynthetic organism.
2. Materials and methods

2.1. Strain and cultivation conditions

Synechocystis sp. PCC 6803 was obtained from ATCC (ATCC
# 27150) and cultured in a 1.25 L bioreactor (Bioflo 3000, New
Brunswick Scientific, NJ) on BG-11 medium buffered with 10 mM
HEPES. Air was supplied at 1–1.5 L/min, and the reactor was
stirred at 350 rpm. Temperature was controlled at 30 1C and pH
was maintained in the range 8.0–8.5 by automatic addition of
2 N �H2SO4. Nine 23 W cool white fluorescent lights (Sylvania,
MA) provided an average surface light flux of 400 mE/m2/s. Only
5 lights were turned on in the initial 12 h of growth in order to
prevent photoinhibition. The outlet gas CO2 concentration was
monitored using a LI-820 CO2 gas analyzer with 14 cm optical
bench (LI-COR Biosciences, NE).

2.2. Sample removal and metabolite extraction

The sideport of the standard reactor vessel was sealed with a
thick autoclavable membrane. A two-way luer stopcock (Popper
and Sons, NY) with an extremely small holdup volume (o0.5 mL)
was fitted with a gauge 16 needle and inserted into the reactor via
the membrane. A short piece of tubing was attached to the end of
the stopcock, which allowed the rapid fitting of a syringe. This
enabled repeated withdrawal of 20 mL samples into 60 mL syr-
inges (BD Biosciences, MD) containing 40 mL of quenching solution
(60% methanol in water) precooled to �40 1C or lower. Each
sample took less than 3 s to withdraw. The contents of each
syringe were rapidly transferred to 50 mL centrifuge tubes that
were kept in a �20 1C bath. Using this procedure, samples of
20 mL size could be withdrawn reliably every 20 s. Each quenched
sample was centrifuged for 10 min at 8000 g and �20 1C. The
supernatant was discarded and the cell pellet was extracted with
500 mL pure methanol, followed by two extractions with 500 mL of
a 50/50 methanol–water solution. Each extraction was carried out
for 30 min at a temperature below �20 1C, and the extracts were
pooled together and stored at �20 1C.

2.3. Carbon labeling experiment

The labeling experiment was initialized when the cell density
reached an OD730 of 0.6. A sample corresponding to time zero
(unlabeled) was withdrawn from the sideport using a syringe.
The aeration was then stopped and gas inlets and outlets to the
reactor were rapidly clamped to prevent unlabeled CO2 from



Table 1
Isotope labeling measurements used for metabolic flux determination. (a) LC–

MS/MS ions and (b) GC–MS ions used to assess metabolite labeling. Standard

errors of measurement (SEM) were determined based on the lack of agreement

between measured and theoretically computed mass isotopomer distributions

obtained from unlabeled cell extracts.

Metabolite Mass Carbons Composition SEM Reference

(a) LC–MS/MS ions
3PGA 185 1–2–3 C3H6O7P 0.5 (Luo et al., 2007)

DHAP 169 1–2–3 C3H6O6P 1.3 (Luo et al., 2007)

F6P 259 1–2–3–4–5–6 C6H12O9P 1.7 (Luo et al., 2007)

G6P 259 1–2–3–4–5–6 C6H12O9P 1.4 (Luo et al., 2007)

GAP 169 1–2–3 C3H6O6P 1.3 (Luo et al., 2007)

PEP 167 1–2–3 C3H4O6P 0.5 (Luo et al., 2007)

R5P 229 1–2–3–4–5 C5H10O8P 1.5 (Luo et al., 2007)

RUBP 309 1–2–3–4–5 C5H11O11P2 0.7 (Luo et al., 2007)

S7P 289 1–2–3–4–5–6–7 C7H14O10P 2.8 (Luo et al., 2007)

RU5P 229 1–2–3–4–5 C5H10O8P 1.3 (Luo et al., 2007)

(b) GC–MS ions
3PGA 357 2–3 C11H30O5PSi3 1.0 (Kitson et al., 1996)

3PGA 459 1–2–3 C14H36O7PSi4 1.0 (Kitson et al., 1996)

CIT 273 1–2–3–4–5 C11H21O4Si2 1.0 (Tisza, 1994)

CIT 363 1–2–3–4–5 C14H31O5Si3 1.0 (Tisza, 1994)

CIT 375 1–2–3–4-5–6 C14H27O6Si3 1.6 (Huege et al., 2007)

CIT 465 1–2–3–4–5–6 C17H37O7Si4 1.1 (Huege et al., 2007)

FUM 245 1–2–3–4 C9H17O4Si2 1.0 (Huege et al., 2007)

GA 292 1–2 C11H28O3Si3 1.0 (Petersson, 1970)

GA 307 1–2–3 C11H27O4Si3 1.3 (Huege et al., 2007)

MAL 233 2–3–4 C9H21O3Si2 1.0 (Petersson, 1972)

SUC 247 1–2–3–4 C9H19O4Si2 1.0 (Huege et al., 2007)
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entering the system. A 20 mL aliquot of 50% NaH13CO3 (Sigma,
98% isotopic purity) was injected swiftly into the system using a
syringe, and 20 mL samples were withdrawn and rapidly
quenched at time points of 20, 40, 60, 90, 130, 250, 480, and
610 s. Intracellular metabolites were obtained from these samples
by solvent extraction of cell pellets. Additional samples were
withdrawn without quenching and rapidly filtered through a
syringe filter. These supernatants were used to identify metabo-
lites secreted into the extracellular media. Metabolite samples
were analyzed using a combination of GC–MS and LC–MS/MS to
determine labeling and concentration of metabolites in both cell
extracts and culture supernatants. Samples were also withdrawn
for measurement of cell dry weight.

2.4. GC–MS measurement of metabolite labeling and concentration

The GC–MS method was adapted from Roessner et al. (2000)
and was performed using an Agilent 6890N/5975B quadrupole
GC–MS system. All samples were dried under vacuum at room
temperature in a Centrivap (Labconco Corporation, MO). Ribitol
was added as an internal standard to all the samples prior to the
drying step to achieve a final concentration of 0.328 mM in the
derivatized solution. The samples were subsequently methoxi-
mated with 50 mL of methoxyamine hydrochloride in pyridine
(2 mg/mL) for 90 min at 40 1C. Next, 50 mL BSTFAþ10% TMCS
(Pierce Biotechnology, IL) was added to the reaction mixture and
incubated at 40 1C for 30 min. The derivatized samples remained
for 6–12 h at room temperature in a dessicator, to ensure
complete reaction. All samples were run on the GC–MS within
30 h of derivatization. An HP-5MS column of 180 mm diameter,
30 m length, and 0.20 mm film thickness (Agilent Technologies,
CA) was used with helium as the carrier gas. The total column
flow was set to 1 mL/min, and 1 mL injections were made using a
230 1C inlet temperature in splitless mode and a purge flow of
100 mL/min set to activate 1 min after injection. The column
temperature was held at 70 1C for 3 min, increased to 305 1C at
3 1C/min, and held at 305 1C for 2 min. Spectra were recorded in
the range of 50–600 m/z. Metabolites were identified by compar-
ison to the retention time and characteristic ions of pure stan-
dards. Linear calibration curves were prepared with purchased
standards and used to quantify the metabolites in the samples. All
chemicals were purchased from Sigma Aldrich, USA.

2.5. LC–MS/MS measurement of metabolite labeling and

concentration

An ion-pairing LC–MS/MS method was adapted from Oldiges
et al. (2004) and was performed on a Shimadzu SCL10 LC system
coupled to a linear ion-trap triple quadrupole MS/MS system
(4000 Q TRAP, AB Sciex Instruments) at the Proteomics and Mass
Spectrometry Facility, Donald Danforth Center, St. Louis, MO. A
Synergi Hydro-RP column (150 mm�2 mm, Phenomenex Inc, CA)
was used with gradient elution. The eluents used were 10 mM
tributylamineþ15 mM acetic acid (A) and methanol (B). In order
to dissolve tributylamine completely in water, the tributylamine
and acetic acid were first mixed together in a dry flask before the
requisite amount of ultrapure water was added. The final pH of
eluent A was found to be 4.5–4.6. All chemicals were HPLC or
LC–MS grade and purchased from Sigma Aldrich, USA. The eluents
were filtered before use. An injection volume of 10 mL was used, and
the column flow and temperature were constant at 0.3 mL/min and
25 1C, respectively. The gradient profile was as follows: 0% B (0 min),
8% B (8 min), 22% B (18 min), 40% B (28 min), 60% B (32 min), 90%
B (34 min), 90% B (37 min), 0% B (39 min), and 0% B (49 min). The
acquisition of labeling and concentration data was performed
using negative electrospray ionization in the multiple reaction
monitoring (MRM) mode. The final parameters used for isotopo-
mer measurements are listed in Supplementary Table I. All data
acquisition and analysis were performed on the Analyst 4.1.2
software (AB/MDS Sciex) supplied with the instrument.
2.6. Isotopically nonstationary metabolic flux analysis (INST-MFA)

We applied our previously developed INST-MFA approach
(Young et al., 2008) to estimate intracellular metabolic fluxes
and metabolite pool sizes based on the measured isotope labeling
dynamics of intracellular metabolites. This approach relies upon
an elementary metabolite unit (EMU) decomposition of the
underlying isotopomer network to efficiently simulate the effects
of varying fluxes on the labeling state of measurable metabolites
(Antoniewicz et al., 2007). Metabolic fluxes and pool sizes were
estimated by minimizing the lack-of-fit between experimentally
measured and computationally simulated mass isotopomer dis-
tributions (MIDs) using least-squares regression. All isotopic
measurements used for flux determination are listed in Table 1.
The flux and pool size parameters of the isotopomer network
model were iteratively adjusted using a Levenberg–Marquardt
algorithm until optimal agreement with experimental data was
obtained (Madsen et al., 2004). All results were subjected to a chi-
square statistical test to assess goodness-of-fit, and accurate 95%
confidence intervals were computed for all estimated parameters
by evaluating the sensitivity of the sum-of-squared residuals to
parameter variations (Antoniewicz et al., 2006).

A list of the reactions included in the isotopomer network model
is provided in Supplementary Table II. (Refer to Supplementary
Materials for a detailed description of the model formulation.)
In total, the model was capable of fitting 921 independent mass
isotopomer measurements using 224 adjustable parameters (34 free
fluxesþ29 pool sizesþ161 measurement scaling factors). The mea-
surement scaling factors were required to properly normalize the
MIDs of each MS fragment ion (Mollney et al., 1999). The model
required 559 ordinary differential equations (ODEs) to simulate the
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change in all measured MIDs over time. In addition, 35,217 ODEs
were needed to compute sensitivities of these MIDs with respect to
all adjustable parameters. Overall, the model consisted of 35,776
ODEs and required approximately 3 s to simulate using the best-fit
parameters. To ensure that the final solution was the global
optimum, flux estimation was repeated at least 50 times starting
from random initial values. Supplementary Fig. 1 shows MID trajec-
tories for all experimentally measured GC–MS and LC–MS/MS ions
along with best-fit model simulations. The fit was statistically
accepted based on a chi-square test of the sum-of-squared resi-
duals (SSR), which was assessed at the 95% confidence level with
697 degrees of freedom (SSR¼684.7 versus the expected range
[625.7, 772.1]). A full listing of the optimal parameter estimates
can be found in Supplementary Tables III, IV, and V.
3. Results and discussion

3.1. Carbon labeling experiment

To assess the capability of 13C INST-MFA to quantify PA fluxes,
we applied this approach to the cyanobacterium Synechocystis sp.
PCC 6803 growing in a controlled photobioreactor environment
with bicarbonate provided as the sole carbon source. (Bicarbonate
equilibrates with dissolved CO2 in the culture medium and there-
fore provides a convenient route to administer CO2 to liquid
cultures.) Following the introduction of 13C-labeled bicarbonate
to the bioreactor, a time-series of metabolite samples was obtained
by rapid quenching and extraction of cyanobacterial cells. Dynamic
changes in isotope labeling patterns of central carbon metabolites
were quantified using both gas chromatography–mass spectro-
metry (GC–MS) and liquid chromatography–tandem mass spectro-
metry (LC–MS/MS), followed by computational analysis of these
trajectories to estimate metabolic pathway fluxes using INST-MFA
(Fig. 2). This is the first time, to our knowledge, that a compre-
hensive flux analysis has been performed based on isotope labeling
data obtained from a fully autotrophic system.

The labeling dynamics of 21 fragment ions derived from 15
different central metabolites were measured over a 20 min time
window following tracer administration. As shown in Fig. 3A, the
relative abundances of unlabeled (M0) mass isotopomers dropped
Fig. 2. Overview of INST-MFA procedure. Following introduction of 13C-labeled bica

extraction of cyanobacterial cells. Dynamic changes in isotope labeling patterns were a

trajectories to estimate metabolic pathway fluxes.
rapidly at the outset of the labeling period due to the emergence
of 13C-enriched mass isotopomers (M1, M2, etc.). Initially, singly
labeled (M1) mass isotopomers accumulated due to incorporation
of single 13C atoms into previously unlabeled metabolites. These
M1 mass isotopomers were gradually supplanted by M2, M3, and
higher mass isotopomers as further 13C atoms were incorporated,
resulting in transient overshoots in M1 abundance. Note, however,
that the average 13C-enrichment of each metabolite increased
monotonically over time despite the rise and fall of M1 mass
isotopomers (Fig. 3B). Steady-state labeling was typically obtained
in less than 10 min, with the notable exception of tricarboxylic acid
(TCA) pathway intermediates (e.g., succinate, fumarate and citrate)
that were more slowly labeled.

3.2. Secretion of organic metabolites

In addition to measurements of intracellular metabolite label-
ing, extracellular samples were collected for analysis of secreted
metabolites. Glycolate was the only secreted metabolite that
could be identified in the culture medium. The extracellular
concentration of glycolate at the end of the 32 h batch growth
period was estimated to be less than 5 mM. Based on this
measurement and the final biomass concentration of 204 mg/L,
we estimated that the carbon lost to glycolate was approximately
1000-fold less than the amount of carbon incorporated into
biomass. Therefore, we concluded that secretion of organic
metabolites by Synechocystis was essentially negligible under
photoautotrophic conditions, and that all fixed carbon was either
incorporated into biomass or released as CO2 due to oxidative
processes. As a result, we were able to apply INST-MFA based
solely on the intracellular metabolite labeling data while normal-
izing all flux values to the net rate of CO2 conversion into biomass
(Fig. 4). This rate was estimated from the growth rate and carbon
content of the culture, which was 0.09 h�1

�41 mmol-C/g-DW¼
3.7 mmol-CO2/g-DW/h.

3.3. Comparison to optimal flux map

The resulting flux map was compared to a previously published
linear programming (LP) solution that predicts the theoretical
optimum flux profile that simultaneously maximizes biomass
rbonate, a series of metabolite samples were obtained by rapid quenching and

ssessed using GC–MS and LC–MS/MS, followed by computational analysis of these



Fig. 3. 13C-labeling trajectories of selected central carbon metabolites. (A) Experimentally measured mass isotopomer abundances (data points) and INST-MFA model

fits (solid lines). Error bars represent standard measurement errors. Raw mass isotopomer data are shown without correction for natural isotope abundance. (B) Average
13C-enrichments of selected ion fragments. Mass isotopomer distributions were corrected for natural isotope abundance using the method of Fernandez et al. (1996), and

average 13C enrichment was calculated using the formula ð1=NÞ
PN

i ¼ 1 Mi� i, where N is the number of carbon atoms in the metabolite and Mi is the fractional abundance of

the ith mass isotopomer. The top axis shows the full labeling trajectory and the bottom axis shows an enlarged view of the highlighted region from 0 to 5 min. Ions shown

are for 3-phosphoglycerate (3PGA), fructose-6-phosphate (F6P), ribulose-1,5-bisphosphate (RUBP), malate (MAL), glycerate (GA), succinate (SUC), citrate (CIT), and

fumarate (FUM). Nominal masses of M0 mass isotopomers are shown in parentheses.
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production and minimizes light utilization based on a specified CO2

uptake rate (Shastri and Morgan, 2005). Table 2 compares each
reaction that exhibited a statistically significant deviation between
MFA-determined and LP-predicted flux values. Overall, the INST-
MFA results indicate that PA-grown Synechocystis cells exhibited
suboptimal carbon efficiency, with significant loss of fixed carbon
via the oxidative pentose phosphate (OPP) pathway. LP predicts
that 111 mol of CO2 are fixed by RuBisCO (RBC) for every 100 mol
of carbon converted to biomass, the difference being due to flux
through pyruvate dehydrogenase (PDH), isocitrate dehydrogenase
(ICD), and other CO2-releasing reactions that are necessary to
generate biosynthetic precursors. INST-MFA finds that, in actuality,
RBC fixed 12772 mol of CO2 for every 100 C-moles of biomass
produced and released 1672 mol of fixed CO2 via the OPP path-
way. A significant malic enzyme (ME) flux of 5.370.8 mol per 100
C-moles biomass was also identified by INST-MFA, providing an
alternate route of pyruvate formation (phosphoenolpyruvate-
oxaloacetate-malate-pyruvate) that bypasses the ATP-generat-
ing pyruvate kinase (PK) reaction and closely resembles the path-
way of carbon fixation found in C4 plants (Hatch, 1987). However,
this cycle does not directly contribute to carbon loss since it
involves concerted uptake and release of CO2 by PEP carboxylase
(PPC) and ME enzymes acting in tandem, resulting in no net effect
on the carbon balance.

3.4. Oxidative pentose phosphate pathway flux

In most organisms, NADP-linked dehydrogenases such as
those involved in the OPP pathway serve a predominantly ana-
bolic role by providing reductant and intermediates for biosyn-
thetic processes (Pelroy et al., 1972). However, cyanobacteria use
NADPH as a key source of electrons for oxidative phosphorylation
in the dark, which is necessary to produce ATP from NADP-linked
oxidation of stored glycogen or exogenous glucose (Biggins,
1969). The coupling of NADPH production to oxidative phosphor-
ylation represents a unique respiratory pathway found in few
other organisms and is believed to compensate for the lack of an
intact cyanobacterial TCA cycle (Pelroy et al., 1972). A previous
MFA study reported that over 90% of glucose consumed by
Synechocystis was oxidized through the OPP pathway under HT
conditions (Yang et al., 2002). Our finding that residual levels of
OPP pathway flux persist even under PA conditions was unex-
pected in view of the substantial amounts of NADPH produced by
light-driven electron transport. This could indicate incomplete



Fig. 4. Synechocystis flux map determined under photoautotrophic growth
conditions. Net fluxes are shown normalized to a net CO2 uptake rate of 100.

Values are represented as M7SE, where M is the median of the 95% flux

confidence interval and SE is the estimated standard error of M calculated as

(UB95–LB95)/3.92. (UB95 and LB95 are the upper and lower bounds of the 95%

confidence interval, respectively.) Arrow thickness is scaled proportional to net

flux. Dotted arrows indicate fluxes to biomass formation.
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suppression of OPP flux by regulatory circuits that control the
transition from dark to light metabolism or, alternatively, the
presence of kinetic bottlenecks in the CBB cycle that are circum-
vented by OPP pathway activation under high-CO2 conditions.

Knockout mutants of the cyanobacterium species Synechococcus

sp. PCC 7942 lacking either of the two OPP pathway enzymes
glucose-6-phosphate dehydrogenase (G6PD) or 6-phosphogluconate
(6PGD) exhibit no significant decrease in growth rate under PA
conditions, indicating that OPP pathway activity is dispensable in
the light (Broedel and Wolf, 1990; Scanlan et al., 1995). However,
prior studies have reported no reduction in enzymatic activity of
G6PD or 6PGD in Synechocystis cell extracts collected under PA
conditions relative to MT or HT conditions (Knowles and Plaxton,
2003) or after shifting cells from light to dark (Singh and
Sherman, 2005), suggesting that these key OPP pathway enzymes
are highly expressed under PA conditions and are primarily
regulated at the posttranslational level. Indeed, it is well known
that G6PD controls carbon entry into the OPP pathway and is
competitively inhibited by NADPH and allosterically deactivated
by reduced thioredoxin in the light (Buchanan, 1991; Grossman
and McGowan, 1975; Pelroy et al., 1976a). However, this response
is apparently incomplete under the conditions of our study, which
leads to a small but significant CO2 loss amounting to �13% of
total fixed carbon and a concomitant reduction in photosynthetic
efficiency.

3.5. Malic enzyme flux

Our results are in agreement with a previous 13C MFA study
that also reported substantial ME flux in Synechocystis under HT
and MT growth conditions (Yang et al., 2002). Interestingly, a
previously reported Synechocystis knockout mutant lacking
NADP-dependent malic enzyme grew about 15 times slower than
its wild-type parent when grown in continuous light, which
provides indirect evidence that ME is expressed and active under
the conditions of our study and that ME flux provides a functional
benefit to PA growth (Bricker et al., 2004). Because supplementa-
tion of pyruvate in the culture medium was able to completely
restore PA growth of this knockout strain, the authors concluded
that ME flux is required to supply pyruvate for biosynthetic
processes due to down-regulation of PK activity in the light.
This hypothesis might also explain the presence of ME flux in
our system, which effectively bypasses the PK reaction step.
Alternatively, Yang et al. (2002) have suggested that this pathway
could be involved in the capture and concentration of intracel-
lular CO2 by cyanobacteria via a process analogous to that
observed in C4 plants.

3.6. Cofactor balance

In addition to the direct impact on intracellular carbon flows,
the presence of nonzero OPP and ME pathway fluxes also alters the
balance of reduced NADPH and NADH cofactors and increases
the ATP demand relative to the LP prediction (Table 2). Both OPP
and ME pathways are coupled to production of the reduced
cofactor NADPH in Synechocystis (Bricker et al., 2004; Knowles
and Plaxton, 2003), although NADPH production in the OPP path-
way is completely offset by its consumption in the CBB cycle and
therefore has no net effect on NADPH availability. OPP pathway
activity indirectly causes a substantial increase in ATP demand due
to increased CBB cycling through the ATP-consuming reactions
phosphoglycerate kinase (PGK) and phosphoribulokinase (PRK)
reactions. This ATP drain is further compounded by ME pathway
activity, which converts NADH–NADPH at the expense of ATP. The
increased demands for NADPH and ATP are ultimately met by
photosynthetic electron transport. Based on the reaction network
and assumptions used by Shastri and Morgan (2005) to compute
their LP solution, the minimum photosynthetic flux increases from
1297 to 1419 photons per C-mole biomass formed due to the
presence of nonzero OPP and ME pathway activities, which
represents a 9% loss of energetic efficiency.

3.7. Photorespiration

In contrast to the significant carbon and energetic losses
attributable to OPP and ME pathway activities, the INST-MFA
results indicate negligible photorespiration. The oxygenase side
reaction of RuBisCO exhibited a net flux of 0.470.2 mol of
2-phosphoglycolate (2PG) produced per 100 C-moles biomass
formed, which was subsequently converted to 3-phosphoglycerate
(3PGA) via photorespiration (Fig. 4). This meager flux confirms the
presence of an efficient carbon concentrating mechanism in
cyanobacteria, which functions to elevate the local concentration
of CO2 in close proximity to RuBisCO and thereby compensate for
its low affinity for CO2 (Kaplan and Reinhold, 1999). In addition,



Table 2
Reactions that exhibit significant deviation between LP-predicted and MFA-determined fluxes. All fluxes are relative to a net CO2 uptake rate of 100. The median, lower

bound (LB), and upper bound (UB) of the 95% confidence interval is shown for each MFA-determined flux. Grouped fluxes are correlated due to pathway dependencies, and

therefore deviations within each group can be attributed to the same underlying feature. Increased OPP pathway flux is responsible for deviations in Group I, while

increased ME flux is responsible for deviations in Group II. The three rightmost columns show the net effect of these deviations on the balance of NADPH, NADH and ATP

cofactors.

Flux Reaction LP Predicted 13C MFA Cofactor balance

Median Value 95% LB 95% UB NADPH NADH ATP

Group I
PGI F6P-G6P 3 19 15 24

G6PD/6PGD G6P-RU5PþCO2þ2NADPH 0 16 12 21 þ32

FBA/FBP DHAPþGAP-F6P 41 60 53 66

TPI GAP-DHAP 78 95 90 99

PGK/GAPDH 3 PGAþATPþNADPH-GAP 196 228 219 237 �32 �32

PRK RU5PþATP-RUBP 111 127 123 132 �16

RBC RUBPþCO2-2 3PGA 111 127 123 132

Group II
PK PEP-PYRþATP 14.7 9.5 7.9 11.1 �5.2

MDH OAAþNADH-MAL �1.7 3.6 1.9 5.2 �5.3

ME MAL-PYRþCO2þNADPH 0 5.3 3.7 6.9 þ5.3

PPC PEPþCO2-OAA 6.3 11.6 9.9 13.2

Net þ5.3 �5.3 �53
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the high concentration of bicarbonate supplied during the carbon
labeling experiment would have further suppressed photorespira-
tion under the conditions of our study (Huege et al., 2011).
Eisenhut et al. (2008) have shown that blocking photorespiration
in Synechocystis leads to a high-CO2-requiring phenotype, and that
these mutants accumulated intracellular glycolate even in the
presence of 5% CO2. Our work demonstrates that flux through
photorespiration is quantitatively very small compared to the total
rate of CO2 fixation under high-CO2 conditions. This result is not
necessarily inconsistent with the findings of Eisenhut et al., how-
ever, since complete removal of photorespiratory pathways would
be expected to cause gradual accumulation of glycolate, even in the
presence of low oxygenase activity.

Photorespiratory 2PG metabolism comprises three alternative
pathways in Synechocystis: (i) a plant-like C2 cycle, (ii) a bacterial
glycerate pathway, and (iii) complete decarboxylation of glyoxylate
via oxalate (Eisenhut et al., 2008; Hagemann et al., 2010). Flux carried
by either of the first two pathways is readily detectable in the
measured labeling patterns of glycerate, 3PGA, and PEP (Fig. 5A).
However, the C2 cycle and glycerate pathways cannot be distin-
guished based on these measurements alone, since both produce
identical carbon rearrangements as flux proceeds through the non-
overlapping reaction steps connecting glyoxylate to glycerate.
Although we analyzed isotope labeling in serine and glycine (which
are intermediates in the C2 cycle but not the glycerate pathway),
these measurements were not precise enough to be included in the
flux analysis due to low signal intensities. Therefore, pathways (i) and
(ii) were lumped into a single photorespiratory pathway that repre-
sents carbon recycling from 2PG to 3PGA and had a net flux of
0.370.1 mol per 100 C-moles biomass under the conditions of our
study (Fig. 4). The decarboxylation pathway flux could not be
accurately quantified using the available isotopomer measurements
and was therefore neglected. However, we found that oxalate
achieved a maximum average 13C enrichment of approximately 10%
even after 20þ min of labeling (not shown). Therefore, we concluded
that decarboxylation of glyoxylate was likely insignificant under the
conditions of our study.

Based on their large-scale in silico reconstruction of the Synecho-

cystis metabolic network, Knoop et al. (2010) predicted that a
photorespiratory flux of approximately 4% of the total RuBisCO
activity is necessary to achieve optimal PA growth. However, this
prediction was based on the assumption that Synechocystis does not
possess a pathway to synthesize serine directly from 3PGA and
must therefore use glyoxylate as a precursor for glycine, serine, and
cysteine biosynthesis. A corollary of this assumption is that all
serine carbon would be derived from glycine, with the amino acid
backbone contributed directly from glycine and the hydroxyl
carbon indirectly from glycine (C2) via methylene tetrahydrofolate
(Fig. 5A). Although the serine and glycine labeling measurements
were not considered precise enough to be included in the flux
analysis, the 13C enrichment of serine was nonetheless substantially
higher than glycine at all sample time points, indicating that serine
was synthesized directly from 3PGA rather than by photorespira-
tion via glycine. Fig. 5B depicts the labeling of several CBB and C2
cycle intermediates after approximately 4 min of 13CO2 labeling. At
this time point, both serine fragment ions exhibited considerably
higher 13C enrichments than was found in glycine fragment ions.
This is consistent with a recent paper by Huege et al. (2011) and
would appear to contradict the assumption of Knoop et al.

3.8. Glyoxylate shunt

The INST-MFA flux map indicates absence of glyoxylate shunt
activity under PA conditions. Although Yang et al. (2002) reported
substantial flux through the glyoxylate shunt under HT and MT
conditions, Knoop et al. (2010) could find no biochemical or
genetic evidence to support the inclusion of the pathway in their
large-scale reconstruction of the Synechocystis metabolic network.
Shastri and Morgan (2005) included the glyoxylate shunt in their
earlier flux balance model, but the resulting LP solution predicted
that the pathway should be completely inactivated to achieve
optimal PA growth. We also included the glyoxylate shunt in our
isotopomer model to facilitate comparisons to the earlier work of
Yang et al. (2002) and Shastri and Morgan (2005). However, our
results confirm that this pathway is either altogether missing
from Synechocystis or strongly repressed under PA conditions.

3.9. Pool size estimation

Most prior INST-MFA studies have incorporated direct meta-
bolite pool size measurements into the SSR objective function
(Noh et al., 2007; Schaub et al., 2008). This was considered
necessary to maximize flux identifiability, due to the fact that
the pool sizes appear as additional adjustable parameters in the
isotopomer balance equations and must be fitted during the flux
estimation procedure (Noh and Wiechert, 2006). However, our



Fig. 5. Isotope labeling in photorepiratory pathways. (A) Schematic diagram of

the complete 2PG metabolism of Synechocystis showing the fate of the first two

carbon atoms of ribulose-1,5-bisphosphate. The three photorespiratory pathways

diverge at glyoxylate into the plant-like C2 cycle (via glycine and serine), the

bacterial-like glycerate pathway (via tartronic semialdehyde), and the decarbox-

ylation branch (via oxalate). The first two pathways re-converge at glycerate.

(B) 13C enrichments of photorespiratory pathway intermediates after 4.2 min of
13CO2 labeling. Average enrichments were calculated as described in the caption

to Fig. 3B. The compositions of selected 3-phosphoglycerate (3PGA), phosphoe-

nolpyruvate (PEP), and glycerate (GA) fragment ions are listed in Table I. The

carbon atoms of serine (SER) and glycine (GLY) contained in the selected fragment

ions were taken from Huege et al. (2007): SER218 (C1–C2), SER204 (C2–C3),

GLY276 (C1–C2), and GLY174 (C2).

Fig. 6. Average steady-state 13C enrichment of CBB cycle intermediates.
Average enrichments were calculated as described in the caption to Fig. 3B. The

labeling of all CBB intermediates achieved steady-state at times greater than 8 min

after tracer administration. Averages of at least two steady-state time points are

shown. Error bars indicate standard errors of the mean values.
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results indicate that precise flux determination can be achieved
using INST-MFA even in the absence of direct pool size measure-
ments. This provides a distinct advantage, since intracellular
concentration measurements are easily corrupted by metabolite
losses that can occur during sample quenching and extraction.
These same losses, however, would not be expected to impact the
labeling measurements so long as sufficient material remains for
mass isotopomer analysis. We hypothesize that the reason we can
achieve good flux identifiability without measuring pool sizes is
because the feasible labeling patterns that can occur at conver-
gent nodes in the metabolic network are mostly determined by
the atom rearrangements and relative fluxes of the tributary
pathways that feed into those nodes. Therefore, by simulta-
neously fitting mass isotopomer measurements derived from
metabolites both upstream and downstream of such nodes, one
can adequately constrain the resulting flux estimates to narrow
confidence regions. While the pool size parameters serve to
match the labeling dynamics of adjacent pools and account for
any lags in the network, they cannot drastically alter the iso-
topomer patterns that emerge within the network once an
acceptable flux distribution has been identified.

On the other hand, it is clear from our results that most pool
size parameters remain unidentifiable without including direct
pool size measurements in the fitting routine (Supplementary
Table V). This is to be expected, since many of the pools are close
to quasi-equilibrium with respect to surrounding metabolites in
the network, and therefore only an upper bound can be estimated
for these pool sizes. Also, if there are several intermediate pools
separating measurable upstream and downstream metabolites, a
delay in the dynamic response of the downstream metabolites
could be attributable to any one of the intervening pools. This
redundancy will inevitably lead to poor identifiability of pool
sizes. As a result of these issues, only a handful of pool sizes could
be estimated with both finite upper and nonzero lower bounds
(citrate, fructose-1.6-bisphosphate, fumarate, malate, PEP, and
succinate). While the estimated values for these pool sizes are
within the correct order of magnitude based on prior measure-
ments (Shastri and Morgan, 2007), it is important to note that if a
metabolite is in rapid exchange with other metabolites not
represented in the isotopomer model, the estimated values will
reflect the size of the combined pool. This complicates direct
comparisons to experimental concentration measurements.

3.10. Metabolic channeling

Although the steady-state isotope labeling measurements are
not directly useful for flux analysis, they do provide information
on subcellular compartmentation and metabolic channeling. After
correcting for natural isotope abundances, PEP and 3PGA exhib-
ited the highest steady-state 13C-enrichments of 47% and 46%,
respectively. Huege et al. (2011) reported significantly higher PEP
enrichments compared to 3PGA throughout their labeling period,
which they attributed to metabolic channeling of carboxysomal
3PGA into PEP. We also noted slightly higher PEP enrichments in
all samples collected after 1 min of 13CO2 labeling, but the
differences were typically less than 1 mol% and were not sub-
stantial enough to warrant special treatment in our isotopomer
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model. On the other hand, the CBB cycle intermediates fructose-
6-phosphate (F6P), glyceraldehyde-3-phosphate (GAP), dihydrox-
yacetone phosphate (DHAP), and ribose-5-phosphate (R5P) were
significantly less labeled than their downstream products sedo-
heptulose-7-phosphate (S7P), ribulose-5-phosphate (RU5P), and
ribulose-1,5-bisphosphate (RUBP) (Fig. 6). This implies the pre-
sence of metabolic channeling that can arise due to the formation
of multienzyme complexes that transfer intermediates directly
between catalytic sites without diffusion into the bulk phase of
the cell. We estimated the contribution of metabolic channeling
by including ‘‘dilution parameters’’ for F6P, GAP, DHAP, and R5P
in our isotopomer model. The values obtained from INST-MFA
suggest that approximately 10% of the total intracellular concen-
trations of these intermediates were metabolically inactive and
therefore remained unlabeled at steady-state. Although the orga-
nization of CBB cycle enzymes into multienzyme complexes has
been previously reported to occur in plants and green algae
(Gontero et al., 1988; Winkel, 2004), our results along with those
of Huege et al. appear to provide the first evidence of metabolic
channeling in the CBB cycle of cyanobacteria.
4. Conclusion

Overall, we were able to precisely quantify the rates of all CBB
cycle reactions, as well as several ‘‘wasteful’’ side reactions
including G6PD, ME, and photorespiratory fluxes which contri-
bute to suboptimal PA growth of Synechocystis. Although earlier
studies have applied dynamic isotope labeling experiments to
obtain important information about in vivo kinetics of CBB cycle
reactions (Pelroy et al., 1976b) and photorespiration (Huege et al.,
2011) in cyanobacteria, these approaches were not capable of
integrating numerous isotopic measurements into a comprehen-
sive flux map that encompasses all major pathways of central
carbon metabolism. Furthermore, because these studies did not
apply the INST-MFA approach, it was impossible to estimate
fluxes without simultaneously measuring the intracellular pool
sizes of the labeled intermediates. We have shown that applica-
tion of INST-MFA in combination with GC–MS and LC–MS/MS
analysis of isotope labeling trajectories can effectively quantify
photoautotrophic fluxes in cultured cyanobacteria to a high
degree of precision. This is possible even in the absence of direct
measurements of intracellular pool sizes, which are treated as
additional adjustable parameters in the isotopomer model.

Our study provides an example of how flux analysis can be used
to identify pathways responsible for reduced cyanobacterial pro-
ductivity, by pinpointing reactions that contribute to carbon and
energetic losses. By determining how these losses are altered by
genetic manipulations or by modulation of environmental condi-
tions, we expect that INST-MFA can be a powerful approach for
identifying metabolic engineering strategies to improve photosyn-
thetic efficiency or re-route metabolic fluxes to desirable end
products in these hosts. Furthermore, INST-MFA is not limited to
photosynthetic bacteria, but can be extended to algae, plants, and
other microorganisms that grow exclusively on C1 compounds. As
a result, the integration of quantitative INST-MFA flux maps with
gene expression and proteomic datasets is expected to fill a critical
gap in our ability to assess network-wide regulation of carbon and
energy flows in photosynthetic organisms.
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